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ABSTRACT: Liquid chromatography (LC) separation com-
bined with electrochemical coulometric array detection (EC) is
a sensitive, reproducible, and robust technique that can detect
hundreds of redox-active metabolites down to the level of
femtograms on column, making it ideal for metabolomics
profiling. EC detection cannot, however, structurally character-
ize unknown metabolites that comprise these profiles. Several
aspects of LC-EC methods prevent a direct transfer to other
structurally informative analytical methods, such as LC-MS
and NMR. These include system limits of detection, buffer
requirements, and detection mechanisms. To address these limitations, we developed a workflow based on the concentration of
plasma, metabolite extraction, and offline LC-UV fractionation. Pooled human plasma was used to provide sufficient material
necessary for multiple sample concentrations and platform analyses. Offline parallel LC-EC and LC-MS methods were
established that correlated standard metabolites between the LC-EC profiling method and the mass spectrometer. Peak retention
times (RT) from the LC-MS and LC-EC system were linearly related (r2 = 0.99); thus, LC-MS RTs could be directly predicted
from the LC-EC signals. Subsequent offline microcoil-NMR analysis of these collected fractions was used to confirm LC-MS
characterizations by providing complementary, structural data. This work provides a validated workflow that is transferrable
across multiple platforms and provides the unambiguous structural identifications necessary to move primary mathematically
driven LC-EC biomarker discovery into biological and clinical utility.

A metabolomics profiling study often has two major
analytical goals: (1) to create metabolite profiles that

distinguish between two biological systems (e.g., disease
state,1−3 medication state,3,4 age, environmental stresses,5−7

or diet3,8−12) and (2) to structurally characterize the specific
metabolites that comprise these profiles.4,13−16 It is this second
goal, the identification and structural characterization of the
unknown metabolites of interest that define the biological and
clinical importance of the study and that are generally present
in limited (ng−μg) quantities, that is often a major hurdle and
bottleneck facing metabolomics research.
The ability of a platform to characterize metabolites of

interest in a profiling study is directly related to the analytical
methodology being used. Liquid chromatography coupled with
electrochemical coulometric array detection (LC-EC), for
example, is a sensitive, reproducible, and robust technique17−20

with the ability to detect hundreds of metabolites down to
femtograms of material and across a dynamic range of 9 orders
of magnitude, making it ideal for profiling.21−26 The detection

mechanism used in LC-EC is quite specific, focusing on
compounds containing easily oxidizable moieties. This
specificity allows for a unique subset of the metabolome to
be profiled that other commonly used profiling techniques,
such as NMR and LC-MS, do not comprehensively detect, such
as purines,27−29 tryptophan metabolites,24,30 DNA oxidative
damage products,31−33 and neurotransmitters.20,34,35 Addition-
ally, these methods have provided insights into drug
metabolism36,37 and efficacy,38 mechanisms of addiction,39

diet,10,19,40−43 disease pathogenesis,1,17,31,44 and progres-
sion.45,46

EC detection uses an array of porous graphite electrodes to
detect the current output as analytes are oxidized and allows for
100% analyte conversion, a property that underlies the
technique’s sensitivity. Under its optimal conditions, LC-EC
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detects metabolites by first separating by hydrophobicity in the
LC dimension using buffers containing a high concentration of
salts and pentane sulfonic acid (PSA).22,23,25,26 The salts are
necessary to maintain proper conductivity in the EC electrodes,
and PSA is an ion-pairing reagent used to both aid the retention
of the hydrophilic metabolites and enhance the analytical
reproducibility of the method.26,47 A given metabolite is
detected on the basis of that compound’s oxidation
potential20,22 as the LC eluent flows through an array of up
to 16 EC cells connected in tandem and held at increasing
voltages. This detector orientation provides a second separation
dimension, in which coeluting species are distinguished on the
basis of their distinct oxidation potentials. Although sensitive,
reproducible, and robust, this method does not provide any
structural information regarding the compounds that it detects.
The use of analytical standards and spiking experiments, to
compare retention time and oxidation potential profile,
provides provisional identification of peaks of interest but
requires some prior knowledge of the metabolites, making the
characterization of unknowns impossible.
This report demonstrates a workflow that enables the

concentration of LC-EC-detected, easily oxidized species and
that enables the transfer of the same metabolite peak(s) across
different instrument systems and buffers. Supplementary
analysis of metabolites identified in LC-EC profiling studies
with structurally rich analytical tools, e.g., LC-MS and NMR,
can provide the complementary information necessary to fully
characterize unknown metabolites of interest. There are,
however, several analytical challenges that make the LC-EC
method difficult to transfer to these techniques, including:
system limits of detection, buffer requirements, and detection
mechanisms. We circumvent these problems by utilizing an
offline LC-UV fractionation method, after plasma concen-
tration and metabolite extraction. Fractionation and concen-
tration are necessary to address the sensitivity disparities
between the analytical detectors, and by doing so, fractions can
be more readily analyzed across multiple platforms with varying
limits of detection. This fractionation method was developed to
maintain the integrity of the LC-EC profiling method without
the ion-pairing reagents and salt buffers that interfere with both
LC-MS and NMR analyses. Herein, we describe a workflow
that provides analytical characterization of small molecule
metabolites, identified by LC-EC profiling and multivariate
statistics, using a combination of NMR- and MS-based
analytical techniques, including LC-MS with accurate mass
and high energy collisional dissociation (HCD) fragmentation
and microcoil-NMR spectroscopy. This method is applied here
to the characterization of human plasma metabolites but would
be generally applicable for other targets of electrochemical/
coulometric electrode array analysis, e.g., mitochondrial
samples,25 cerebrospinal fluid,31,48 DNA damage products,32,33

and natural product extracts.49,50

■ MATERIALS AND METHODS
Chemicals. LC-MS grade acetonitrile (ACN), methanol

(MeOH), and isopropyl alcohol (IPA) as well as ammonium
acetate and acetic acid were obtained from Fisher Scientific
(Pittsburgh, PA). Triethylamine (TEA) and perfluoropentanoic
acid (PFA) were purchased from SigmaAldrich (St. Louis,
MO), as were all chemicals used to produce our biochemical
standard (termed DSV), a mixture of 54 endogenous serum
metabolites found at varying concentrations (see Supporting
Information for complete list). All deuterated solvents were

purchased from Cambridge Isotopes (Andover, MA), and 1-
pentanesulfonate sodium salt (PSA) was purchased from Regis
Technologies (Morton Grove, IL). A human plasma pool
(POOL) composed of both males and females was purchased
from Interstate Blood Bank, INC (Memphis, TN).

Metabolite Extraction for LC-EC Profiling and LC-UV
Fractionation. The proteins from either 125 μL (standard
profiling preparation) or 2.5 mL (concentrated method) of
POOL were precipitated with 500 μL and 10 mL, respectively,
of cold (−20 °C) acetonitrile/0.4% glacial acetic acid, while on
ice. The samples were then centrifuged for 15 min at 4 °C, at
12 000 rpm; the supernatant was transferred into micro-
centrifuge tubes and dried under vacuum in a cold centrivap.
The dried extract in each tube was reconstituted in 100 μL of
LC-EC mobile phase A immediately prior to injection26 for
profiling, while the 2.5 mL prep was resuspended in 200 μL of
the LC-UV mobile phase A.

LC-EC Profiling Method.26 Separation was performed by
gradient elution on two reversed-phase C18 META 250 × 4.6, 5
μm columns (Thermo Scientific) connected in tandem with
polyetheretherketone (PEEK) tubing. The column temperature
was held at 32 °C. Mobile phase A consisted of 100% water
modified with 60 mM PSA, 0.1% methanol, and 1 mg/L citric
acid adjusted to pH 3.1 with acetic acid. Mobile phase B
consisted of 80:10:10 MeOH/ACN/IPA modified with 40 mM
lithium acetate and 2.0% acetic acid in 10 mg/L citric acid. The
gradient was increased between 0 and 95% B over 112 min (see
Supporting Information for details). Fifty microliters of sample
was injected per run, and detection was performed on an ESA
LC-EC system (ThermoFisher Scientific, Chelmsford, MA)
with 16-channel coulometric array detector operated with
potentials incremented in 60 mV steps (0−900 mV). All LC-
EC system functions were controlled by CoulArray software
(CoulArray for Windows software version 3.10).

HPLC Fractionation for Metabolite Identification.
Separation of the concentrated metabolite extract was
performed on an Agilent 1200 series HPLC system consisting
of a binary pump, an autosampler, a degasser, a variable wave
detector, and a fraction collector. Mobile phase A consisted of
100% water, modified with 100 mM TEA and 25 mM
ammonium acetate with acetic acid to pH 3; mobile phase B
was a mixture of 80:10:10 MeOH/ACN/IPA modified with 25
mM ammonium acetate and acetic acid. Separation was
performed by the same LC method as used for the LC-EC
profiling. Time-dependent fractions were collected from 3 to
104 min for a total of 96 fractions, in a 96-well plate (Waters,
Milford, MA), yielding approximately 1 mL/fraction. The
fractions were named according to the well they were collected
in, A−H numbered 1−12. Thus, the name of any given fraction
can be directly determined from its collection position. The
variable wave detector was monitored at 280 nm. After
collection, fractions were transferred to 1.5 mL microcentrifuge
tubes, and 20 μL of dimethyl sulfoxide (DMSO) was added
prior to drying under vacuum.

Fraction Analysis by LC-MS and LC-EC. For the LC-MS
and LC-EC analysis, the POOL fractions were reconstituted in
either 100 or 50 μL of LC-MS mobile phase A (25 mM
ammonium acetate in deionized water using a Millipore water
filtration system (Billerica, MA), adjusted to pH 3.1 using acetic
acid), and separation was performed using two Shiseido C-18
columns (4.6 × 150 mm) connected in tandem and maintained
at room temperature. The gradient was increased between 0
and 95% B over 100 min (see Supporting Information for
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details). The LC-MS injected 80 μL while the LC-EC injected
50 μL.
LC-MS Instrumentation. LC-MS was performed on a

HPLC system consisting of an autosampler and an Accela
quaternary HPLC pump (ThermoFisher, San Jose, CA). The
HPLC system was connected to an Exactive benchtop Orbitrap
mass spectrometer (ThermoFisher, San Jose, CA) equipped
with a heated electrospray ionization (HESI) probe. The spray
voltage was set to 4 kV. The heated capillary and HESI probe
were held at 300° and 400 °C, respectively. The sheath gas flow
was set to 60 units with the auxiliary gas at 20 units. The
instrument was tuned and calibrated, as specified by the vendor,
in both positive and negative ion mode and operated in high
resolution mode, corresponding to 50K resolution and 2 Hz
scan speed. Spectra were acquired using four scan events in
sequence, which alternated between full scan between m/z 50
and 1000 and HCD at 60 eV in both the positive and negative
ion mode. The instrument was controlled using Xcalibur
software version 2.1.
For identification, the exact mass of the analytes of interest

was searched against the METLIN51 database and HMDB52

with a mass tolerance of either 0.005 Da or 5 ppm. Both sites
allow the user to search masses in both the positive and
negative ion mode, and multiple adduct possibilities are
calculated on the basis of the exact mass.
NMR Analysis. NMR spectra were acquired on a Bruker

Avance II 700 MHz spectrometer (Bremen, Germany)
operating at 699.97 MHz (1H frequency). The spectrometer
was equipped with a triple resonance inverse gradient capillary
microcoil NMR probe (MRM/Protasis, Savoy, IL). The probe
has a 5 μL flow cell.
POOL fractions were dissolved in 10 μL of DMSO-d6, and 8

μL was loaded into the capillary probe using One-Minute-NMR
(Version 2.18.43) automation (Protasis, Savoy, IL) controlling
a CTC-PAL autosampler (LEAP Technologies, Carrboro, NC)
with dimethyl sulfoxide-d6 (DMSO-d6) as the push solvent.
Forty microliters of DMSO-d6 was used to deliver the sample
to the probe’s active volume, using a 40 μL/minute flow rate.
The spectrometer was set to automatically start 1 min after the
sample was delivered to the probe.
Spectra were acquired with a 45 degree tip angle, 1.45 s

acquisition time, and a 1 s recycle delay. The receiver gain was
set to 256, and the spectral width was set to 8 kHz, depending
on the estimated analyte concentration. The FIDs were
processed by zero filling to 64K, baseline corrected, and
Fourier transformed with a 1 Hz exponential line broadening.
All chemical shifts were referenced to deuterated sodium 2,2,
dimethyl-silapentane-1-sulfonate (DSS-d6) as 0 ppm. Topspin
version 2.1 was used to process the data and to control the
spectrometer. All samples were recovered after NMR analysis.

■ RESULTS AND DISCUSSION
The goal of this work is to establish a workflow, using
structurally rich analytical detectors such as MS and NMR, to
characterize metabolites that were chromatographically de-
tected and identified by LC-EC profiling. Previous studies have
focused on the online-simultaneous detection of unknowns
using a parallel configuration of LC-EC/MS,36,37 and although
this method has its advantages, the common disadvantage
encountered is the compromise of detector optimal working
conditions, which inherently limits the specificity and sensitivity
of the method. Subsequently, all detectors used herein (LC-EC,
LC-MS, and NMR) were run independently of each other to

ensure that each could be used at its optimal working
conditions. This configuration requires the correlation of
metabolite peaks between several LC methods and detectors,
and it is this correlation which defines the workflow’s utility in
metabolomics research.

Sample Concentration and Fractionation. Depending
on the oxidation potential of a metabolite, the conductivity of
the LC mobile phase, and the type of electrode being used, the
LC-EC profiling method can require as little as femtograms of
material to achieve a signal-to-noise ratio greater than three.
The sample requirements for both MS and NMR are at least 10
to 10 000 times this amount, respectively, requiring sample
concentration to be performed prior to analysis. Commercially
obtained human plasma pools (POOL) are expected to contain
most or all of the endogenous metabolites commonly
encountered in a human plasma profiling study. Such a pooled
plasma sample was therefore used to provide sufficient material
necessary for multiple sample concentration steps and platform
development. These are the same samples used during profiling
studies as QC checks for any analytical variations encountered.
Standard LC-EC profiling extracts the metabolites from 125

μL of plasma into a final resuspended volume of 100 μL.
Therefore, this amount was the baseline level to which the
initial concentration was compared. To avoid overloading our
analytical column and to be able to dissolve the extracts in 200
μL or less for LC injection purposes, we started with an initial
volume of 2.5 mL of POOL dissolved in 200 μL of solvent, a
10× concentration from the standard procedure (Figure 1).

The standard plasma metabolite extraction method is listed on
the left (entirely in white); on the right is the concentration
method where the gray squares indicate a theoretical 10×
concentration compared to the standard prep as described
above, and the black squares show a theoretical 45×
concentration. The concentrated pool extracts were recon-

Figure 1. Sample concentration scheme. The standard plasma
metabolite extraction method is listed on the left entirely in white.
The gray method on the right achieves a theoretical 10× concentration
of sample; the black squares below it show a theoretical 45×
concentration based on sample fractionation and reconstitution.
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stituted in 200 μL with 150 μL being injected on the LC-UV
system. This injection amount is 3 times greater than the
standard 50 μL that is injected on the LC-EC profiling system,
and at this point, the fractions are 30× more concentrated than
the standard analysis. Additionally, after fraction collection, the
LC eluent was evaporated and samples were reconstituted in
100 μL, or two-thirds the extract starting volume, yielding a
theoretical 45× concentration.
The human plasma metabolome is complex with compounds

covering many chemistries and at different concentrations and,
therefore, requires reducing this complexity prior to determin-
ing metabolite structures. Sample fractionation reduces this
inherent sample complexity, preferably achieving one com-
pound per fraction, which also reduces the associated potential
for ion suppression in MS and signal overlap in NMR. Ideally,
to directly relate collected fractions back to the original LC-EC
profile, either post EC fractionation or LC-EC guided
fractionation should be used. LC-EC, however, is a destructive
analytical technique that alters the analyte structure during
detection. When using postdetection fractionation, this
oxidative change in metabolite structure would complicate
correlation between the primary LC-EC profiles and any
secondary analytical technique. Additionally, because the LC-
EC profiling buffers contain large quantities of nonvolatile salts
and PSA, a postfraction-collection cleanup would be required to
remove these interfering species. In pilot studies, post fraction-
collection cleanup using solid phase extraction (SPE) led to
sample losses (data not shown). Taken together, these

problems make direct LC-EC fractionation an impractical
option.
Because postanalysis sample cleanup seemed unlikely to be

useful for sample concentration, we pursued an alternative
fractionation method that maintained the integrity of the LC-
EC profiles without requiring a post-collection cleanup.
Metabolites extracted from plasma using ACN represent
primarily hydrophilic compounds that are poorly retained on
standard C18 reversed phase (RP) chromatography columns,
such as those used during our LC-EC profiling experiments. To
effectively separate and retain these hydrophilic species,
minimize coelution, and achieve separations that closely
resemble the original LC-EC profiles, an ion-pairing reagent
is necessary for fraction collection. Although beneficial to the
chromatographic separation during fraction collection, the ion-
pairing reagent can potentially cause MS ionization suppres-
sion, detrimentally affecting the subsequent LC-MS analysis of
the fractions.
To circumvent this ion-suppression problem, two commonly

used volatile and LC-MS friendly additives were tested as
alternatives to the nonvolatile PSA used in the LC-EC profiling
experiments: (1) perfluoropentanoic acid (PFA), a negatively
charged reagent, commonly used to enhance the retention of
cationic metabolites in LC-MS analysis,53 and (2) triethylamine
(TEA), a volatile cationic compound that ion-pairs with
negatively charged analytes, commonly used to improve both
retention and separation in LC-MS.54 Only two ion-pairing
reagents, out of many that can yield similar results, were tested
because we were focused on evaluating the difference between

Figure 2. Comparison of ion-pairing reagents for LC-MS analysis. The top two chromatograms show the LC-MS separation and detection of plasma
extractions dissolved in water and detected via negative ion (upper trace) and positive ion (lower trace) full scan profiling. The center pair shows the
LC-MS analysis of extracts dissolved in 100 mM PFA, and the bottom pair is for the extracts dissolved in 100 mM TEA.
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positively and negatively charged additives and how each would
affect our dual-polarity LC-MS method. The two that were
chosen were expected to have the best volatility and therefore
were best suited for LC-MS analysis. Metabolite extracts from
125 μL of POOL were reconstituted in either (i) water
containing 20 mM ammonium acetate, pH 3, (ii) 100 mM PFA
with 20 mM ammonium acetate, pH 3, or (iii) 100 mM TEA
with 20 mM ammonium acetate, pH 3. These samples were
examined via LC-MS, without any mobile phase additives, using
positive and negative ion switching to provide greater
metabolome coverage with a single injection. This experiment
mimics the conditions used during LC-UV fraction collection,
and therefore, the sample solvent composition during LC-MS
analysis of those fractions, establishing what interferences, if
any, the ion-pairing reagent will provide. With the water
injection serving as a control, the chromatograms in Figure 2
show that PFA generated an intense background signal between
30 and 36 min in negative ion mode, suppressing most other
signals. In contrast, TEA produced very little interference in
either positive or negative TIC and maintained the same
chromatographic profile as the water control. From these
profiles, it is clear that the TEA ion-pairing reagent provides a
cleaner LC-MS analysis, similar to the water control, without
the significant background interferences observed with PFA.
These results led us to choose TEA as the LC fractionation ion-

pairing reagent for reproducing the LC-EC chromatograms
under MS-friendly conditions.
For sample fractionation, with the intention of achieving a

similar metabolite separation as attained in the LC-EC profiling
experiments, the same LC columns and LC method was used
substituting 100 mM TEA with 20 mM ammonium acetate, pH
3, for the PSA and lithium acetate buffer. Time-guided
fractionation was performed every minute, and LC-UV
retention time (RT) was used to correlate the fractions back
to the original LC-EC profiles. Each fraction was checked by
reinjection onto the LC-EC, using the original LC-EC profiling
method and buffers, to confirm general metabolite hydro-
phobicity and retention time in comparison with a non-
concentrated/nonfractionated POOL sample. This check also
confirmed our prediction of which fractions contained the LC-
EC peaks of interest.
The separation, fractionation, and sample concentration

steps were tested by comparing a 125 μL of POOL extract run
via LC-EC profiling to: (i) a 2.5 mL POOL extract and (ii) the
LC-UV fraction (B09) that corresponded to a RT of 45 min in
the LC-EC profiling method. Prior to this analysis, the DSV
standard was injected on the fraction collection platform, and
these fractions were analyzed by offline LC-MS and LC-EC
profiling (data not shown). Because the DSV standard
contained the tryptophan pathway metabolite kynurenine

Figure 3. POOL concentration and fractionation test with KYN. Panels A and B show the LC-EC chromatogram for a standard and concentrated
POOL sample, respectively, with the circled areas representing the metabolite KYN. Panel C shows the LC-UV chromatogram of a concentrated
POOL fractionation experiment, with the portion of the chromatogram representing fraction B-09 highlighted. Panels D−F are expansions of the
circled areas in Panels A−C showing the systematic increase in the KYN signal based on sample concentration and fractionation.
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(KYN), this previous experiment suggested fraction B09 should
contain a concentrated amount of KYN. From the chromato-
grams in Figure 3, it is clear that, although the LC-UV RTs are
slightly shifted, the LC-EC separation integrity is generally
maintained when using TEA as an ion-pairing reagent. Figure
3A−C shows the relationship between the different sample
preparation methods and the sample concentration. The circled
portions of the LC-EC chromatograms are the regions where
KYN is found; these data indicate its signal increase. Figure
3D−F is expansions which highlight the concentration change
in KYN by expanding the detail of its specific RT and oxidative
channel response. It should be noted that, in these LC-EC
profiles, the KYN peak produces several signals across multiple
channels. This oxidation profile is reflective of the multiple
coulometric electrodes in sequence being held at increasing
potentials and is unique to the metabolite being analyzed, its
concentration in the sample, and the conditions under which
the LC-EC is being run. In this comparison, the signal from the
most intense channel is being used. The differences in signal
from KYN extracted from 125 μL of plasma and the 2.5 mL of

plasma (Figure 3C,D) indicate a 4× increase in signal-to-noise
(from 1 to 4 μA) was achieved from our initial preparation. The
collected fraction produced an even larger signal of 6 μA,
indicating additional concentration. Because 10× and 40×
increases were expected, these data indicate that there is ∼40%
sample loss occurring within the fractionation scheme for this
specific metabolite.

Offline Correlation of LC-MS with LC-EC. LC-MS was
used to determine unknown metabolite molecular weight
information and run offline from the LC-EC to facilitate
optimal detector conditions as noted above. Unlike the LC
fractionation method, ion-pairing reagents are not being added
to the LC-MS analysis buffer in order to minimize any potential
background interference; therefore, changes to the metabolite
separation may occur including RT shifts and elution order. To
compensate for these changes and to correlate LC-MS data to
the LC-EC peaks of interest, an offline-parallel LC-EC and LC-
MS method that compromises between MS and EC detector
needs was developed. In past studies, where the LC-MS and
LC-EC were run in parallel from a single injection,36,37 the

Figure 4. Offline LC-EC and LC-MS correlation and regression. The RTs of six endogenous metabolite standards and the void volumes from both
the LC-EC and LC-MS instruments were used to create a linear regression that correlates the RTs between each method. The RTs showed a linear
relationship (R2 = 0.99), and this regression equation was then used to predict where metabolites would be expected between the methods.

Figure 5. Concentration−fractionation−identification schematic. Beginning with 2.5 mL of POOL, each sample is extracted and fractionated via LC-
UV. This is repeated for each subsequent analytical method, LC-EC, LC-MS, and NMR.
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more MS-friendly salt ammonium acetate was utilized to
maintain sufficient EC conductivity. We therefore adopted the
same solvent additive. Additionally, due to variations in
instrument dead-volumes, shifts in metabolite RT between
the LC-MS and LC-EC methods are expected. Due to the
gradient elution, however, these shifts are not expected to be a
constant time difference but rather to follow the gradient in a
linear relationship. Using six metabolites from the DSV
standard that covered a large portion of the LC chromatogram
and that showed strong, distinct LC-MS and LC-EC signals and
the void volume from both instruments, a linear relationship
between peak RT from the LC-MS and LC-EC system with an
R2 value of 0.99 was determined (Figure 4). These equations
were then used to relate peaks observed in the LC-EC
chromatograms to LC-MS RTs where these metabolites should
be found.
Endogenous Metabolite Identification with LC-MS

and NMR Confirmation. A comprehensive schematic of the
entire concentration, fractionation, and characterization work-
flow is shown in Figure 5. Initially, the metabolites from a 2.5
mL POOL sample are extracted and reconstituted in 200 μL of
solvent, showing a 10× concentration from the standard 125
μL preparation. This concentrated POOL is then fraction
collected using the same LC-EC method used in all profiling
studies but with TEA and ammonium acetate as the buffer
additives. After fractionation, the solvent from each well is
evaporated and reconstituted on the basis of the analytical
method to be used. Fractions to be analyzed via each method,
LC-EC (profiling method and solvents), offline-parallel LC-

MS/LC-EC (MS-friendly method and solvents), and NMR,
were separately prepared, yielding 4 fractionations in total.
As labeled in Figure 5, the LC-EC profiling method is run

first, after fractionation, to confirm the location of the
metabolites of interest. This fraction is directly compared to
the LC-EC chromatogram of a nonconcentrated/nonfractio-
nated POOL sample to ensure (comparing RT and oxidation
profile) that the peaks observed in the fraction represent
previously identified LC-EC peaks of interest. Next, the LC-EC
and LC-MS are run using MS-friendly solvents to correlate any
MS signal to LC-EC detected peaks. The analysis at this stage is
bidirectional. If a major peak of interest is found in the LC-EC
chromatogram, its RT is then used to calculate where in the MS
this peak may be found. If a major peak is found in the MS, the
LC-EC RT is calculated to determine if there is a comparable
LC-EC signal that indicates a redox-active metabolite. This
aspect of the analysis is quite important because the workflow is
being used to characterize LC-EC identified species, primarily,
and the diversity of the metabolome provides thousands of
compounds that are not necessarily redox-active but may
produce appreciable LC-MS signals. It is important to be able
to distinguish between those metabolites that are redox-active
and potentially LC-EC profiling metabolites of interest and
those that distinctly are not.
After LC-EC and LC-MS analysis, NMR can be used to

generate secondary structural information. For example, NMR
can distinguish positional isomers on a substituted benzene ring
that would not be possible from MS results alone. For NMR
studies, a solenoidal microcoil probe was used. This type of
probe has high mass sensitivity when compared to conventional

Figure 6. Fraction C-10 metabolite characterization. Chromatograms of the LC-MS (A) and LC-EC (B) analyses in MS-friendly buffer are shown.
Peaks at 40.15 min in LC-MS and 48.5 min in the LC-EC correlated via the regression equation to represent the same compound. The MS spectrum
(C) provides evidence that the compound is TRP; the NMR (D) confirms this characterization.
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5 mm NMR probes.55 With careful sample loading, this method
provides a limit of detection of 2 nanomoles for 1H NMR
spectra when acquired overnight. After NMR, all samples were
recovered from the probe and preserved for future analyses.
Finally, all analytical data was combined to structurally
characterize the LC-EC peaks found in each fraction.
The application of this workflow for the identification of an

endogenous metabolite is shown in Figure 6. Fraction C-10
from a concentrated POOL sample, which includes at least one
major peak observed eluting at ∼40 min in the LC-UV
chromatogram (Figure 3C), was chosen for analysis. This
fraction was analyzed by the LC-EC via the profiling method
and produced a peak at a RT of around 60 min that showed an
increased signal relative to the standard preparation POOL
(data not shown). This is another example of the type of
analysis shown with KYN in Figure 3, highlighting our ability to
concentrate and fractionate plasma and to relate specific
fractions back to the initial LC-EC profile. Here, we extend the
workflow. Specifically, after additional concentration and
fractionations, fraction C-10 was analyzed using the offline-
parallel LC-MS and LC-EC using MS solvents. Figure 6
compares the chromatogram from this analysis, specifically, the
large peak at 48 min in the LC-EC was predicted to correspond
with the LC-MS peak at 40 min by the regression equation
determined above. The LC-MS data in positive ion mode
indicated, by both exact mass (the m/z 205.0952 corresponding
to the [M + H] + species) and HCD fragmentation (the m/z
188.0656 fragment representing the loss of −NH3 and the m/z
146.0593 fragment corresponding to beta cleavage adjacent to
the indole group), that this peak was most likely the metabolite
tryptophan (TRP). The 1H NMR spectrum of fraction C10
(Figure 6, bottom panel) was used to support the assignment of

the metabolite as TRP. The aromatic region (Figure 6, inset) of
the 1H NMR spectrum exhibited five protons, two triplets at
7.01 and 7.09 ppm (J = 8.32 Hz), two ortho-coupled doublets
at 7.36 and 7.58 ppm (J = 8 Hz), and a singlet at 7.21 ppm. A
highly deshielded proton was also observed at 10.89 ppm which
was the characteristic −NH proton in the indole moiety.
Unambiguous structural confirmation was established by
comparison of all the analytical results, including the LC-EC
profiling method, with those of an authentic standard.
The significance of this workflow is most apparent when LC-

EC profiling has revealed a metabolite that is novel, low in
concentration, challenging to purify, and not easily detected by
either LC-MS or NMR alone. The analysis of fraction D05
provides such an example (Figure 7A,B). These figures show
the offline/parallel LC-EC and LC-MS chromatograms that
correlate a peak at 50.77 min in the LC-EC to very low
intensity negative ion LC-MS peak at 40.72 min (Figure 7B,
TIC). The mass spectrum under this peak, Figure 7C, revealed
a peak with m/z 212.0020 with two fragment ions at m/z
132.0444 and m/z 79.9560, suggesting the metabolite indoxyl
sulfate (ISA). The extracted ion chromatogram (XIC) of the
ion m/z 212.0020 is shown in Figure 7C (bottom panel) and
confirms the RT match with the small peak observed in the
TIC (Figure 7C, top panel). Due to the multiple species
present in fraction D05, direct comparison of the 1H NMR
spectra from the fraction to the ISA standard is complicated
(Figure 7D expanded section). Due to spectral overlap, only 5
of the 6 indole protons observed with the authentic standard of
ISA are observed in the fraction. These include two ortho-
coupled doublets in the aromatic region, one singlet, one
triplet, and a highly de-shielded proton at 10.78 ppm that is
attributed to the −NH proton on the pyrole moiety. The

Figure 7. Fraction D05 metabolite characterization. Chromatograms of the LC-EC (A) and LC-MS (B) analyses in MS-friendly buffer are shown.
Peaks at 50.42 min in LC-EC and 40.72 min in the LC-MS correlated via the regression equation to represent the same compound. The MS
spectrum (C) suggests ISA metabolite from the [M − H]− ion at m/z 212.0020 and fragments at m/z 132.0444 and 79.9560. The NMR spectrum
(D) supports this characterization by direct comparison with the ISA standard.
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mixture masks the triplet at 6.9 ppm seen in the standard,
which precludes the unambiguous characterization of this
fraction by NMR. Spiking studies with the ISA standard and
fraction D05 using the LC-EC profiling method (see
supplementary Figure 1, Supporting Information) further
confirmed the characterization of the metabolite.
In this example, LC-MS provided both exact mass and

structural composition of the unknown metabolite, with NMR
providing complementary information. The complexity of the
metabolome and the multiple species present in the fraction
complicate the analysis, and direct comparison of the NMR to
the ISA standard suggests the species is present; however, key
resonances are masked by higher-concentration metabolites in
the mixture. Because NMR is a nondestructive analytical
technique, samples are recovered postanalysis and can be used
for subsequent testing, such as additional fractionation or
analytical detection steps. Moving forward, we are seeking to
integrate this workflow with a complementary GC/MS system
that can provide additional details regarding the functionality of
the metabolites of interest using electron impact ionization,
when LC-MS sensitivity fails to provide adequate information
(Gathungu, in preparation).
The metabolite identification scheme that we have laid out

relies on a correlation between three chromatographic methods
for true unambiguous unknown characterization. To ensure the
chromatography is robust and that the two LC-EC chromato-
grams (with profiling solvents or with LC-MS solvents) can be
consistently relied upon to cross-map peaks of interest, we
utilize our DSV standard and the nonconcentrated/non-
fractionated POOL sample. The correlation between the offline
parallel LC-EC and LC-MS is established using the DSV
standard. This enables the DSV standard to be used to ensure
the peaks used to correlate the two instruments still provide the
same correlation equation. This method tests whether either set
of columns are going bad or if there is a problem with either LC
system. Additionally, LC-EC profiling and offline parallel LC-
EC/LC-MS will contain retention time disparities. By analyzing
a nonconcentrated/nonfractionated POOL sample using both
the LC-EC profiling method and the LC-EC method with LC-
MS solvents, we can directly map the fractions between the two
systems and ensure the peaks we are characterizing are the LC-
EC peaks of interest.
Ongoing work is focused on improving this workflow to

streamline the metabolite characterization process and the
integration with GC/MS as noted above (Gathungu et al., in
preparation). Another issue is the identification of very low
level trace analytes, requiring the development of more efficient
sample concentration approaches. The inherent diversity of the
plasma metabolome generates multiple obstacles toward
achieving efficient sample concentration, fractionation, and
detection. These obstacles include, but are not limited to, initial
metabolite concentration in the sample and metabolite
chemistry that determines the overall stability and solubility
of the compound as well as its optimal detection mechanism
(i.e., MS vs NMR vs UV vs EC). In theory, the method we have
presented here should achieve a 45× concentration of each LC
fraction. In practice, however, metabolites of different
chemistries, hydrophobicity, and/or solubility, reveal different
concentration efficiencies. Future work will focus on those
species that remain both below the current system limit of
detection or with chemistries that limit current sample
concentration procedures (Gathungu et al., work in progress).

■ CONCLUSION
Metabolite identification and structural confirmation continues
to be a major problem and bottleneck plaguing metabolomics
research. In this work, a workflow was designed to structurally
characterize metabolites previously identified in an run LC-EC
profiling study, using the complementary strengths of MS and
NMR. The ability to structurally confirm these species of
interest provides the information necessary to move past
biomarker discovery and to define the biological and clinical
importance of species of interest. This identification workflow
not only benefits the unambiguous characterization of LC-EC
identified metabolites of interest but also can supplement any
profiling study which provides analytically strong quantitative
data without the necessary qualitative characterization. In the
future, this workflow will be applied to the characterization of
LC-EC identified metabolite markers of caloric restriction (CR)
previously determined in both rat and human studies.
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